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a b s t r a c t
A bioﬁlm is an interface-associated colloidal dispersion of bacterial cells and excreted polymers in which microorganisms ﬁnd protection from their environment. Successful colonization of a surface by a bacterial community
is typically a detriment to human health and property. Insight into the bioﬁlm life-cycle provides clues on how
their proliferation can be suppressed. In this review, we follow a cell through the cycle of attachment, growth,
and departure from a colony. Among the abundance of factors that guide the three phases, we focus on hydrodynamics and stratum properties due to the synergistic effect such properties have on bacteria rejection and removal. Cell motion, whether facilitated by the environment via medium ﬂow or self-actuated by use of an
appendage, drastically improves the survivability of a bacterium. Once in the vicinity of a stratum, a single cell
is exposed to near-surface interactions, such as van der Waals, electrostatic and speciﬁc interactions, similarly
to any other colloidal particle. The success of the attachment and the potential for detachment is heavily inﬂuenced by surface properties such as material type and topography. The growth of the colony is similarly guided
by mainstream ﬂow and the convective transport throughout the bioﬁlm. Beyond the growth phase, hydrodynamic traction forces on a bioﬁlm can elicit strongly non-linear viscoelastic responses from the bioﬁlm soft matter. As the colony exhausts the means of survival at a particular location, a set of trigger signals activates
mechanisms of bacterial release, a life-cycle phase also facilitated by ﬂuid ﬂow. A review of bioﬁlm-relevant hydrodynamics and startum properties provides insight into future research avenues.
© 2020 The Authors. Published by Elsevier B.V. This is an open access article under the CC BY license (http://
creativecommons.org/licenses/by/4.0/).
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deteriorate the host surface, decreasing longevity and compromising
integrity.
Biological macromolecules in the EPS are cross-linked by proteins
and multivalent cations, and thus the EPS can be viewed as a polymer
matrix, whereas the relatively stiffer cells are suspended in this matrix
[6]. From the perspective of the microorganism, communal living offers
outstanding protective capability. Individual microorganisms that
would swiftly perish in an open environment ﬁnd an excellent support
system in the assembly of their own kind. Colonies provide an exceptionally safe environment for their members against external mechanical, chemical, biological, and environmental aggression. A typical
bioﬁlm life-cycle, which is shown in Fig. 1, starts with a process in
which the cell becomes a part of the colony. Cell movement plays a critical part in the bioﬁlm formative phase [16]. Static cells, whether planktonic or already attached to the surface, have limited means of meeting
other cells [17]. Flow in the medium, so called “bulk ﬂow”, facilitates cell
migration via convection, in addition to cells' own motility exerted
through mechanisms such as appendage thrust or surface twitching
[16,18–21]. Minutes after scouting a suitable location on an interface
for settlement through the process of reversible attachment, a cell will
join other cells in irreversible colonization of the surface [22]. As their
numbers grow, cells shroud themselves in a protective polymer coating
which provides both the chemico-mechanical protection from the environment, and the means to capture a predominately diffusive supply of
nutrients [23,24]. Embedded in clusters and covered by the binding substance, bacteria form the bioﬁlm, which allows them to survive far longer than they would be able to do individually [25]. The colony typically
matures within several days after which the availability of the nutrients
at the current location becomes progressively more limited [26]. When
the environmental conditions become unﬁt for survival, a complex signaling process triggers the release of cells [27,28]. The growth phase

1. Introduction
Bacteria live a fascinating life and have an equally fascinating impact
on human life, spending much of their lives as active colloidal dispersions, either in the form of planktonic solutions or as jelly-like bioﬁlms.
As planktonic solutions, bacteria can exhibit large scale coherence and
even superﬂuidity [1,2]. In the bioﬁlm form of bacterial aggregation,
bacteria live in interface-associated communal colonies. Bioﬁlms are
an aggregative form of microbial life, wherein aggregations of microbes
are encased in self-secreted extracellular polymer substances (EPS)
[3,4]. EPS, which is composed of an assortment of biological macromolecules ranging from DNA to polysaccharides, serves as “biological glue”
causing the bioﬁlms to adhere to interfaces and also provides the same
with mechanical integrity [5]. Bacterial bioﬁlms, can be thought of as
“composites of colloids embedded in a cross-linked polymer gel” [6];
traction forces on bioﬁlms can elicit linear/non-linear viscoelastic
response [7]. Bacterial bioﬁlms are ubiquitous in nature and their applications can range from global cycles, waste water treatment, and bioremediation [8], to biomedical [9] and industrial biofouling. In the medical
industry bioﬁlms contaminate endotracheal tubes [9], catheters, implants, and cause gum diseases [10,11]. More than 45% of infections in
hospitals can be traced back to medical devices, with catheters being
the second most dominant source of infection [10,12]. Infected implants
often require follow-up surgery, further increasing ﬁnancial burden and
chance of fatality. In the food industry, biofouling can cause taste
and odor problems [13], in addition to harboring dangerous pathogens
in potable water systems [14]. In the marine industry, microand macro-fouling on ships hulls increases drag thereby increasing the
operating cost of the vessel. A 15% loss in speed, due to a 80% increase
in friction can be attributed to a 1 mm thick bioﬁlm on a ship hull
[15]. Additionally, the foulants, if not removed periodically, can

Fig. 1. Relevant physical scales for a bacterial bioﬁlm life-cycle. Phenomena can occur continuously and simultaneously without a clear demarcation on either time- or length-scales,
however discrete temporal and spatial intervals can be identiﬁed. Mass ﬂow, mass transport, and bioﬁlm growth and disintegration interact throughout the bioﬁlm life-cycle.
Visualization method resolution decreases from left to right, and the opposite is true for the ﬁeld of view. Abbreviations are: SEM - Scanning Electron Microscopy, CLSM - Confocal
Laser Scanning Microscopy, OCT - Optical Coherence Tomography, and MRI - Magnetic Resonance Imaging. Adapted from [31–33].
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transitions into decay, detachment of dead cells, and migration of living
cells to more promising domains. The departure can take the form of a
continuous release of cells or an abrupt detachment of a whole cluster
[29].
The co-existence of a plethora of concomitant transport and biophysical mechanisms in a bioﬁlm ensures that relevant time- and
length-scales span several decades [5,30] (Fig. 1). The time-scale indicates nutrient diffusive transport is much more rapid than biomass
growth and release events [31]. In addition, mass transfer by diffusion
is signiﬁcantly slower than the momentum transport mechanisms of
convection or dissipation. Also shown in Fig. 1, the bioﬁlm life-cycle
spans greatly contrasting length-scales. Individual cells of O(10−6
m) create colonies which can span multiple centimeters. Phenomena
occurring at one scale typically do not repeat identically at different
scales [32]. To properly appreciate the bioﬁlm evolution it is necessary
to combine the different visualization techniques across all scales–
from scanning electron microscopy for visualizing individual cells
through photography to capture the shape of mature colonies.
The ubiquity and persistence of bioﬁlms may not just elicit recognition of certain detriments, but can also carry practical beneﬁts.
Engineered uses of organized bacterial activity are found in the form
of fuel bioremediation and trickling ﬁltration in waste water treatment
[27,34–42]. However, our perspective of structured bacterial behavior is
focused on detrimental aspects. The adverse effects of biofouling pervade numerous ﬁelds of human activity: health and dental care, marine
transportation, water transport and ﬁltration, food production and storage, nuclear and conventional power generation, to name but a few.
Consequently, bacterial proliferation is closely accompanied by suppression efforts. Identical external factors can either support or impair
the survival of a microorganism, based on a complex combination of circumstances, particular to a speciﬁc bacterial species. Among the numerous factors affecting microorganisms in their efforts to establish and
retain a congregate shape, and the focus of this review, are two
physico-mechanical factors: hydrodynamics and the properties of the
fouled stratum. Apart from affecting, often decidedly, all stages of the
bacterium life-cycle, hydrodynamics and surface characteristics have
the ability to amplify the effects of other chemical, biological, mechanical, or environmental interactions. Previous studies offer comprehensive summaries of various stages of the bioﬁlm life-cycle [11,43–48].
To the best knowledge of the authors, no previous works focus speciﬁcally on the combined impact of hydrodynamics and stratum properties. The goal of this work is to concisely review the impact of ﬂuid
ﬂow (§2) and surface structure (§3) on all stages of bioﬁlm development: attachment, growth, and detachment.

Fig. 2. Basic bioﬁlm structure. (A) micro-colonies grouped into cell clusters. (B) pores and
open channels. (C) conduits. Arrows indicate convective ﬂow around and through the
clusters. Adapted from [19,86,87].

span the entire bioﬁlm, creating an extensive web of ﬂuid access pathways [4,40,81–85].

2.1. Bacterial motility and initial attachment
Fluid motion—as characterized by sedimentation, diffusion, and
convection—is the primary mechanism of bacterial and mass transport
along a surface [33,88–90], and is schematized in Fig. 1. The dominant
transport mechanism for a particular ﬁlm is partially dependent
on the dynamics of the medium - static, laminar, or turbulent
[52,53,55,59,91,92]. Flow promotes thicker and denser bioﬁlm growth
when compared to static environments [49,50], but this contrast may
be time [93], species, and substrate dependent. When compared to
static environments, Candida bioﬁlms grow to a greater thickness
under ﬂow in early growth stages (< 6 h) but are thinner than those
in static environments at later stages (24 h) [93]. Flow facilitates bacterial environment sensing and aggregate communication efforts such as
chemotaxis and quorum sensing, respectively [21].
Bacterial surface adhesion is complex because it involves different
active and passive methods of attachment, such as mass transfer processes, Van der Waals forces, surface hydrophobicity, electrostatic interactions and bacterial deployment of organic adhesives [48]. The ability
to attach to a surface stems mostly from bacterium near-surface positioning and motility [5]. Thus, active movement is required for bacteria
to draw toward a surface and establish contact, even before the effects
of a particular surface material or texture are considered. Following
the near-surface positioning activity, the bioﬁlm formation process continues with the initial adhesion of the bacteria to the surface. This activity typically goes through two phases: a reversible and irreversible
adhesion [94,95].
The role of ﬂuid dynamics in bioﬁlm formation extends to both motile and non-motile (crippled) cells. Crippled cells, those with immobile
or no appendages, rely heavily on the ﬂuid ﬂow to attach to a surface
and form a bioﬁlm [16,18–21]. Motile bacteria move autonomously by
expending energy and enjoy several survival advantages in static ﬂuids
by using their appendages for attachment, detachment, and relocation
[16]. In contrast, crippled cells achieve surface contact via cell settling,
Brownian motion, and vortex currents, which are most effective at
low ﬂow velocities [16]. Non-motile bacteria and diatoms, in absence
of convective ﬂow, are particularly susceptible to Brownian motion
[75,96–98], the dominant transport mechanism in the initial stages of
attachment . Initial attachment is characterized by potential reversibility, where bacteria leave the stratum to attempt recolonization elsewhere, discussed in further detail in §2.3. Reversibility of attachment,
as well as the type of near-surface interaction between a surface and
the cell, can be anticipated based on microorganism's distance from
the stratum [99], which is a result of bacterial motion.

2. Flow conditions guide every stage of bioﬁlm life-cycle
The abundance of experiments [49–60] performed to study the effect of ﬂow conditions and hydrodynamic forces on bioﬁlm structure
consistently arrive at a common conclusion: ﬂuid ﬂow heavily inﬂuences bioﬁlm characteristics. Growth rate [33,61–66], structure
[33,55,67–70], shape [60,71–73], cell concentration [68,74–76], and detachment [16,22,77,78] are all impacted by bulk ﬂow. Bacteria excretes
extracellular polymeric substances (EPS) [19,33,42] to form a protective, heterogeneous structure consisting of both clumped cells and
cells dispersed within the EPS matrix. Bioﬁlms with a higher ratio of
EPS have greater densities [79]. The matrix comprises up to 80% of bioﬁlm organic matter volume [27] and typically develops into a heterogeneous, corrugated shape traversed by both open, groove-like channels,
and tunnels that allow ﬂuid ingress throughout bioﬁlm volume
[22,55,80]. The structure of bioﬁlms is discussed in detail in §2.2, and
their elemental parts are shown in Fig. 2. Bacterial micro-colonies embedded in cell clusters and condensed sub-layers, are separated from
other micro-colonies and planktonic cells in a heterogeneous, mixedspecies environment [19]. Open channels and subsurface conduits
3

M. Krsmanovic, D. Biswas, H. Ali et al.

Advances in Colloid and Interface Science 288 (2021) 102336

free-energy barrier is less prominent, cells might approach the surface
so close that the primary minimum will trap them in irreversible attachment. Based on these interactions, three layers, or compartments, can
be identiﬁed: bulk ﬂow, near-surface bulk ﬂow, and a near-surface
constrained zone. The boundaries of the layers are deﬁned, in the direction from the main ﬂow to the surface, by: the ﬂuid boundary layer, the
secondary minimum, and the free-energy barrier [100]. Beyond 10 μm
from the stratum, cells have no interaction with the surface, rather hydrodynamic forces guide movement. Within 10 μm, wall effects on cell
movement become increasingly prominent. Still, no other forces act
until a 20 nm distance is reached, after which electrostatic forces
begin competing with hydrodynamic effects [100]. A similar stratiﬁcation concept, shown in Fig. 4, has been proposed by another conceptual
model which considers a bacterium to be an inert particle [99]. Three
separate regions are deﬁned based on the type of interactions between
the bacterium and substratum. At distances of >50 nm, the two surfaces
are too far apart to engage in short distance interactions between chemically compatible stratum components, or the so called “speciﬁc surface
interactions”. At this range only the van der Waals forces are relevant.
Between 10 nm and 20 nm, electrostatic repulsion becomes relevant,
leading to a temporary possibility of reversible adhesion. As cells continue the approach, they encounter a signiﬁcant and practically impermeable electrostatic potential barrier. The amount of energy required
to overcome the barrier becomes prohibitively large at distances of
<1.5 nm. Surface structures will instead transform to form small protrusions on the cell surface that will reach substratum through the potential barrier. At this distance, bonding interactions become essentially
irreversible [99]. While certain differences can be identiﬁed between
the two models in terms of the hydrodynamic conditions and the
exact separation distances, they both provide insight into the lengthscales of the phenomena.
Cells with and without ﬂagella may possess pili. Type-IV pili (TfP)
enable motility and attachment, and assists both initial contact and subsequent locomotion across the surface [96]. While the exact process of
pili attachment to the surface is not yet precisely described [103], an important tool to achieve adhesion is disulﬁde-based bonding, executed at
an exposed pilus tip [38,104,105], which allows adherence to organic

Motile microorganism attachment mechanisms rely on actuating
appendages, such as the ﬂagella. Flagella-driven organisms sense
(Fig. 3) nearby solid surfaces and can modulate their path toward the
surface [100]. Detection of a nearby surface can be achieved via signals
from one of three categories: physico-chemical changes, appendage attachment, and body contact [101], as shown in Fig. 3. Near the surface,
the ﬂuid micro-environment differs from that of the main body of liquid.
Gradients in osmolarity, pH value, ionic strength, and nutrients concentrations are physico-chemical properties that can be sensed by a bacterium, Fig. 3a I. Attachment sensing can be achieved either through
appendages such as ﬂagella, pilli (Fig. 3a II), or curli, or through body
contact (Fig. 3a III).
Once the hydrodynamic forces deliver a cell near the surface, appendages begin assisting the attachment process. The near ﬁeld ﬂow
and dependence of imposed external forces are affected by cell shape
[21], in a process that can be explained with a simple model. Bacterium
shape is often approximated as a sphere in conceptual models, as
illustrated in Fig. 3b IV, despite cells typically being oblong. During the
near-surface movement of a sphere, shear stress increases toward the
stratum, where it reaches a maximum. Therefore, the side of the cell
closest to the stratum experiences more frictional drag, inciting rotation
[100,102]. Non-spherical, or oblong, bacterial cells experience an additional drag-induced torque opposing rotation that is induced by form
drag. The equilibrium of skin-friction and form drag torques forces an
inclined cell orientation toward the stratum as shown in Fig. 3b V. Further swimming efforts trap cells within a plane parallel to the surface,
increasing the residence time and chances of attachment. Depending
on the combination of stratum and bacteria strain, their interactions
may exhibit existence of what is called the “secondary minimum” in
DLVO (Derjaguin, Landau, Verwey, and Overbeek) theory. The secondary minimum is a state of loose, reversible attraction sometimes present
at microscopic separation distances. If the secondary minimum is present and if bacterium twitching takes the cell out of equilibrium incline,
the cell may further approach the surface and become entrapped by
electrostatic and van der Waals forces. In the case where a surface has
a signiﬁcant free-energy barrier, cells will face repulsive forces that
keep them captured in the so-called repulsive layer. Where the

Fig. 3. (a) Cues sensed by a cell approaching the surface. (I) changes in micro-environment, (II) physical contact of appendages, and (III) envelope stress of physical contact. (b) Torques
imposed on a cell model moving parallel to a surface at constant velocity U. (IV) Surface induced drag torque, causing forward roll of the spherical body. (V) Balance of “surface” and “formdrag” torques acting on a prolate spheroid, directing the body toward the surface at an equilibrium angle (θ). Adapted from [100,102].
4
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Fig. 4. Regions of interaction between the bacterium and substratum. At separation distances of >50nm (left) adhesion is driven by macroscopic cell surface properties. Between 10 nm
and 20 nm (middle) electrostatic repulsion introduces the possibility of reversible adhesion. Under 1.5 nm (right), only adhesion via extruding probes and hydrophobic groups can achieve
coupling with the substratum. Adapted from [99].

detail in §2.3. A balance between the two events is struck at a “critical
shear stress” value [109]. In the case of S. epidermidisHBH276 bacteria
growing on silicone rubber, the critical shear stress is 2.7 ± 1.1 Pa but
application of polyethylene oxide coating reduces the value to merely
0.2 ± 0.1 Pa [110]. A study conducted with a cylindrical rotating reactor
concludes that high wall shear stresses facilitate attachment [110], however another study produced opposite results [111]. While the authors
of [111] allowed for the possibility that reduced attachment was a result
of increased centrifugal force, others have shown that high shear hydrodynamic conditions can signiﬁcantly reduce cell attachment [49,112].

and inorganic surfaces. Following attachment, cells locomote about the
surface by crawling (Fig. 5a) or walking (Fig. 5b), either by retracting attached pili or rooting themselves upward on pili [96,106]. Crawling motion results from TfP retraction which allows cells to drag themselves
when lying down (Fig. 5a). This mode of motility, which is enabled by
the retraction and elongation of TfP, is known as twitching and can be
understood through the coupling of TfP elasticity and interfacial behavior of molecular motors. Models indicate that retraction is reaction controlled and elongation is transport controlled [107]. The number of TfP
working together to produce twitching will proportionally affect the linearity and, subsequently, velocity of the movement. Pilus retraction allows P. aeruginosa cells to migrate upstream after ﬂow rotates the cell
about the attachment pivot point and aligns its forward-facing pole
with the ﬂow direction, as shown in Fig. 5c [106]. TfP are also capable
of producing a sudden “slingshot” movement. In a TfP bundle under tension, where individual pili branch out in different directions, release of a
single pilus results in rapid combined translation-rotation of the cell, as
shown in Fig. 5d. In the surroundings of a pseudo-plastic ﬂuid, such as
the extracellular polymeric substance (EPS), such swift movement is
an efﬁcient transport mechanism [5,108].
Just as hydrodynamics aids attachment, ﬂow can also facilitate detachment. An increase in bulk ﬂow velocity facilitates cells and nutrients
transport but also triggers detachment events, as discussed in more

2.2. Medium ﬂow and bioﬁlm growth
In the absence of bulk ﬂow bioﬁlms typically take an unstructured [113], isotropic [114] form, given that no other sources of nonhomogeneity such as gene expression, genotypic variation [115], mass
transfer gradient limitations [116,117] or signiﬁcant surface heterogeneity are present. Exposed to ﬂow shear, and in concert with a complex
array of biological and physico-chemical factors, listed in Table 1, a bioﬁlm will evolve into a complex, heterogeneous shape [23].
Shear stresses associated with laminar ﬂows promote bioﬁlm homogeneity, increased thickness with lower density, reduced nutrient levels,
and lower biomass content [51,52,55–57,118]. As bioﬁlm surface shear

Fig. 5. Pili enabled bacterial movement. (a) dragging. (b) walking. (c) rotation about the point of attachment with the aid of near-ﬁeld ﬂow. (d) “slingshot” maneuver [96]. Panels (c) and
(d) adapted from [106,108].
5
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the development of the bulk bioﬁlm structure in conjunction with factors listed in Table 1. Ingress passages develop even in colonies in contact with air [84]. Ridges and tunnels allow bulk ﬂow to reach intercellular regions toward the fouled substratum, where ﬂuid would otherwise not penetrate [126,132–136]. Facilitation of mass transfer via convective ﬂow through these passages has been proposed [82–84,86,137]
because tunnels increase the surface area available to nutrient ﬂux and
permit access to otherwise deprived cell clusters [86]. Corrugated structures may also serve as ﬂuid storage [138]. Stagnant medium or lowﬂow conditions present a barrier to nutrient supply and waste products
removal from the colony [90]. The zone of reduced ﬂow above the bioﬁlm surface causes formation of a diffusive boundary layer, lowering oxygen diffusion into the bioﬁlm and establishing steep oxygen gradients
at bioﬁlm-medium limits [139–141]. Colonies that absorb nutrients by
diffusion have feeding capabilities that scale with surface area and nutrient demand that scales with volume. Therefore shape evolution of the
bioﬁlm is critical to avoid starvation [142].
Computational modeling demonstrates that colonies deprived of nutrient ﬂux through external surfaces and internal channels develop
more elaborate shapes [22]. In general, transport of nutrients and oxygen by bulk ﬂow is more rapid than transport by diffusion [90] but
bulk ﬂow does not penetrate cell clusters, thus rendering convection
unable to supply oxygen to the interior of cell clusters [24,90]. Oxygen
surface diffusion has its own limitations [143], allowing oxygen to
reach only tens of microns into a cell cluster [86] as shown in Fig. 7a.
In contrast, direct transport via bulk ﬂow through the outermost bioﬁlm
surface is comparable to ﬂux via open channels [86]. In an experiment
with bioﬁlms of an unspeciﬁed composition, the average oxygen ﬂux
in the direction perpendicular to the fouled surface was found to be approximately 2.3× greater than the ﬂux in the parallel direction [86]. A
mathematical model investigated the impact of nutrient transport on
bioﬁlm growth in a static medium [144]. A decrease in nutrient ﬂux
causes the evolution of pillar-like, ﬁlamentous protrusions in the bioﬁlm
and increase in roughness. Limited exposure to favorable gradients,
coupled with gradient orientation toward the surface, guides different
parts of a colony to compete for nutrients by growing perpendicular to
the fouled surface. The change in shape starves the lower sections of
the bioﬁlm due to limited nutrient ﬂux and concentration. Furthermore,
the change in structure is followed by a change in orientation of the concentration gradient, as illustrated in Fig. 7b. Concentration contour lines
follow the evolving shape, remaining normal to the bioﬁlm surface instead of the fouled surface. The concentration gradient further limits
the ﬂux in the lower parts of the colony [144].
The most commonly observed bioﬁlm structural features include
simple conical mounds [52,83], pillar-like [29], and mushroom-shaped
[19,24,27,40,67,68,83,136,138,146,147] formations that reach a congregate thickness of approximately 100 μm. Irregular shapes leave
gaps between features, as illustrated conceptually in Fig. 2 and by a
computational model in Fig. 7, which are channels and pores that

Table 1
Summary of the factors inﬂuencing the formation of bioﬁlms at different times, presented
here in its entirety as published in [23].
Genotypic factors

Physico-chemical
factors

Stochastic
processes
Deterministic
phenomena
Mechanical
processes
Import-export

Temporal changes

The speciﬁc genotype of the organism.
Expression of genes encoding surface properties.
Expression of signaling systems.
Formation of EPS.
Organism growth dynamics; speciﬁc growth rate, lag periods,
aﬁnity for substrates, yield coeffcients etc.
Expression of genetic factors not directly connected to bioﬁlm
formation (motility and chemotaxis, catabolite repression
genes etc.)
Phase interface (combinations of solid, liquid and gaseous).
Substratum composition and roughness.
Substrate composition.
Substrate concentration/gradient.
Temperature, pH, water potential, pressure, oxygen supply
and demand, radiation effects.
Initial colonization: attachment, detachment.
Random changes in biotic and abiotic factors.
Speciﬁc interactions between organisms: competition,
neutralism, cooperation and predation.
Shear due to laminar or turbulent ﬂow conditions; abrasion;
logistic restrictions.
Addition or removal of biotic or abiotic components to a
bioﬁlm system, E.g. the import of sand, clay minerals or
organic detritus into a bioﬁlm structure. Sloughing off of
biomass, release of individual (swarmer?) cells.
Diurnal or annual periodic changes in biotic and abiotic
environment, e.g. light, temperature, pH, PO 2. Irregular
changes due to unforeseen events.

stresses increase, production of EPS per unit volume rises to strengthen
the structure [57]. EPS production increases colony adhesion and cohesion, allowing cells to retain activity within the matrix while increasing
their protection from external forces. In contrast to laminar ﬂows, turbulent ﬂows promote denser and slimmer bioﬁlms, with decreased metabolism and fewer cells [53,54,57,58,60,62,78,119–122]. Although
increases in shear stress can result in an increased metabolic rate
[123,124], it has been demonstrated that greater metabolic activity is
unsustainable over longer periods of time [124]. The difference between
the structures of bioﬁlms formed in laminar and turbulent ﬂows after
seven days of development can be seen in Fig. 6. Turbulent ﬂow across
a stainless steel slide shapes a Pseudomonas ﬂuorescens colony into a
compact structure with higher cell count, Fig. 6a, in contrast to the
less coherent structure which forms under laminar ﬂow Fig. 6b.
Bioﬁlm structure is composed of corrugations, pores, and conduits
traversing cell clusters [19,23,84–86,126–129]. The inﬂuence of high
ﬂuid shear on the initial structures formed by colonies of several hundreds of cells is insigniﬁcant [130]. Hydrodynamic stresses can cause detachment of portions of the bioﬁlm leading to extended water channels
in pre-formed structures [131]. However, hydrodynamic forces affect

Fig. 6. P. ﬂuorescens bioﬁlm formed on stainless steel slides. Shown are colonies cultivated under: (a) turbulent, and (b) laminar ﬂow. Scale bars represent 20 μm [125].
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Fig. 7. Nutrient concentration gradients atop the bioﬁlm surface. (a) Oxygen contours and local oxygen concentrations in mM. Arrows represent local gradient vectors. Cell clusters are
shown in orange. (b) Two-dimensional model of biomass shape development after 31 days and for group value G=20. Lines indicate equal concentration of nutrients, in steps of 10% relative to the bulk concentration. Panel (a) from [145] and based on a ﬁgure found in [86]. Panel (b) from [144].

permit ﬂuid access. Laminar and turbulent ﬂow regimes alike may produce wrinkled, ripple-like shapes on the surface of bioﬁlms. Some of the
ripple formations formed by P. aeruginosa wild-type PAO1 and mutant
PAO1-JP1 strains, developed under varying ﬂow conditions in a 3-mm
wide by 3-mm high glass ﬂow cell and over different periods are presented in Fig. 8, [68]. Ripples are oriented perpendicularly to the ﬂow direction and migrate with it, which allows bioﬁlm bacteria to advance in
bulk along the stratum while avoiding detachment.
The development of bioﬁlm ripples under micro-spray turbulent
ﬂows is shown in Fig. 9. High-velocity jet hydrodynamics and their
impact on bioﬁlm structure is of practical interest in applications such
as dental cleaning [148]. S. mutans bioﬂims exposed to high speed
air and water streams develop ripples within milliseconds before
ﬂuid causes rupture. Ripple formation is likewise accompanied by
bioﬁlm migration downstream. Increase in ﬂow velocity, with Re =
2,667 − 11,935 calculated using a 1 mm gap between two fouled microscope glass slides, progressively changes ripple form throughout the
bioﬁlm, including the front of the removal zone (Fig. 9a-g). Similar development is present in S. epidermidis bioﬁlms under an identical ﬂow
regime, as shown in Fig. 9h. P. aeruginosa, however, develops wrinklelike structures visible in Fig. 9h. Exposed to the jet, a P. aeruginosa bioﬁlm does not migrate, nor does it allow for partial material removal
but instead detaches in bulk. It is proposed that ﬁlms are rippled by vortices formed between stratiﬁed ﬂuids, the Kelvin-Helmholtz instability
[149,150].
Traction forces exerted by ﬂuid ﬂow near a bioﬁlm can often cause
development of ﬁlamentous, thread-like structures called streamers
[151–157]. Streamers are distinguished from bioﬁlms simply by their
conspicuous morphology - a result of ﬂuid-active matter interaction.
The strong coupling of hydrodynamic traction forces with non-linear
material response to stress makes streamers an interesting and

challenging topic of research. Bacterial streamers have been reported
to form in a very wide range of Reynolds numbers (Re), from creeping
ﬂows in closed channels (Re << 1) [131,157–160] to turbulent ﬂows
in natural and laboratory conditions [161–163]. Their streamlined structure promotes rapid proliferation of bacteria in closed channels
[131,158,164], and the failure of streamers can lead to the advection of
biomass, clogging conduits [164,165] and micro-separation devices
[159,160,166–168]. In all ﬂow regimes, sustained traction forces, generated by the hydrodynamic ﬂow elicits a time-dependent response from
the viscoelastic biomass [6,7,169]. One model that describes the viscoelastic character of a wider assortment of bioﬁlm structures is based
on the assumption that bioﬁlms can be viewed as associated polymer
networks that exhibit adhesive and cohesive strengths under ﬂuid
shear stresses [170]. Upon exposing the colonies to wall shear stresses
in the range of 0.005-5.3 N/m it was concluded that bioﬁlms behave
as viscoelastic ﬂuids, demonstrating both unidirectional ﬂow as well
as elastic and viscoelastic recoil. The material complexity of the bioﬁlm
matter is often reﬂected in both elastic and viscous response of the biomass. Barai et al. (2016) [7] have investigated strain stiffening behavior
of bioﬁlms under applied shear loads, which likely occurs due to the
unfolding of the biological macromolecules in the EPS. Others have
have shown the hyperleastic response of bacterial ﬂocs [158] can result
in streamers, which once formed can exhibit complex creep response
[165]. Despite some progress, understanding how the interplay of hydrodynamic interaction with a living complex ﬂuid leads to streamer
formation remains an challenging domain.
Streamer length can span several orders of magnitude: from microns
[71,167,171,172] and millimeters [20,162,168,173] in bacterial ﬁlms, to
several centimeters [56,151,152,174] in algal ﬁlms. Colonies exposed to
turbulent ﬂow conditions evolve ﬁlamentous shapes under the inﬂuence of high shear stress [73,162,163]. Streamers will start to oscillate

Fig. 8. Ripple structures formed by P. aeruginosa. (a) PAO1, laminar ﬂow, Re=100. 5 days, (b) PAO1, turbulent ﬂow, Re=3000, 4 days. (c) JP1, turbulent ﬂow, Re=3000, 6 days. Flow
direction is from right to left. Scale bars represent 200 μm. Images from [68].
7

M. Krsmanovic, D. Biswas, H. Ali et al.

Advances in Colloid and Interface Science 288 (2021) 102336

Fig. 9. Ripple-like bioﬁlm formations developed under micro-spray ﬂows. (a-c) S. mutans bioﬁlms. Flow direction is from left to right. Scale bars represent 2 mm. (a) Crescent-shaped
ripples developed under water micro-spray. Arrows indicate the front edge of the burst. (b) Arched ripples developed under air micro-spray. Arrows indicate ripples at the edge of the
clearance zone. (c) Crescent-shaped ripples developed under air micro-spray. (d-g) Progress of S. mutans bioﬁlm ripple growth with increase in air stream velocity. Scale bars
represent 5 mm. (d,e) Parallel ripples developed under low-velocity streams at 24.6 m/s and 44.9 m/s, respectively. Arrows indicate the front edge of the air micro-spray.
(f) Conversion from parallel to crescent-shaped ripples at 85.5 m/s. (g) Crescent-shaped ripples developed in high-velocity stream at 110.1 m/s. (h,i) S. epidermidis bioﬁlm ripples and
P. aeruginosa bioﬁlm wrinkles, respectively, developed under air jet at 85.5 m/s. Figure from [148].

and shed vortices once their length and local ﬂow velocity reaches a
critical point [175]. Oscillatory movement introduces pressure ﬂuctuations [73] and enhances mass transfer with the surroundings, including
the exchange of nutrients [138]. The convergence of microﬂuidics and
bioﬁlms research [5,30] opened new vistas for investigating the effect
of geometry and laminar ﬂow conditions on proliferation of bioﬁlm colonies. At the microscale, streamers were found to form readily in complex geometries such as in curved microchannels [71,176], in porous
media mimics [131,157,158] and microﬁltration mimics [160,167],
and occasionally in straight microchannels [64]. Some examples of
such streamers are pictured in Fig. 10. Streamers formed by ﬂuorescent
Pseudomonas ﬂourescens in a porous media mimic containing PDMS
micropillars imaged using confocal laser scanning microscopy are
shown in Fig. 10a. While bioﬁlm formation on channel and micropillar
walls can be clearly discerned, thread-like streamers, whose ends
were tethered to the micropillar walls were observed after several
hours of experiment initiation. These streamers rapidly proliferate and
grow to clog microﬂuidic devices much faster than bioﬁlms growing
under quiescent conditions [131,158]. Similar streamers in curved
microchannels are shown in Fig. 10b,c. The biomechanics of streamer
inception remains a contemporary challenge, although a ﬂoc-driven
streamer formation mode has been clearly identiﬁed. Hassapourfard
et al. (2015) [158] showed that bacterial ﬂocs introduced to creeping
ﬂows in a microchannel can attach to channel walls and then be ‘extruded’ by hydrodynamic traction forces to form streamers. Here, the
ability of ﬂocs to sustain very large deformations played a crucial role
in streamer formation. Biswas et al. (2016) [165] later showed that

such streamers can undergo complex creep response resulting in fracture and debris transport downstream.
The streamers described above are byproducts of biophsyical phenomena, but Debnath et al. (2017) [177] have recently demonstrated
that similar morphological structures can form in particle-laden polymeric ﬂows. Speciﬁcally, they showed that when 200 nm aminecoated polystyrene particles (PS) were introduced in a microchannel
along with a aqeuous solution of high molecular weight (weight-averaged molecular weight ~ 23 million g⋅mol−1) polyacrylamide (PAM)
solution, the particles aggregated to form a ﬁlamentous structure reminiscent of bacterial streamers. The generalization of bacterial streamers
beyond the biological domain and into the realms of the more general
class of soft materials represents an important development in this
ﬁeld. Kumar and Ghosh, co-authors of this manuscript, have suggested
‘colloidal streamers’ to supplant the more restrictive bacterial streamers
terminology. Abiotic ‘colloidal streamers’ have implications for clogging
of membranes [159,178].
Advantages of increased bioﬁlm surface area should not be indiscriminately assumed. An increase in bioﬁlm roughness alone does not
always result in increased nutrient transfer [180]. In a heterogeneous
bioﬁlm landscape, overall transport rates are affected by factors such
as bulk and pore ﬂow velocities, roughness, and bioﬁlm density. While
rougher bioﬁlms increase medium contact area, a part of direct transfer
via bulk ﬂow is lost to less effective convective transport in crevices. A
diffusive boundary layer may be unable to closely follow a complex bioﬁlm contour, especially at higher velocities. When a diffusive boundary
layer remains parallel to the fouled surface the exchange area is
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Fig. 10. Laminar ﬂow streamers. (a) Streamer formation in a porous microﬂuidic device. First row: confocal images of streamers at ﬁve different z-locations of the channel, Z = 0, Z = 12.5,
Z = 25, Z = 37.5, Z = 50 μm after 15 h of experiment. Confocal sidebar view shown on top. Second row: time evolution of streamers at the ﬂow rate of 8mlh−1. White arrows show the
direction of the ﬂow, and the scale bar represents 20 μm. Dashed outlines highlight some of the streamers. Adapted from [157,179]. (b) Confocal microscopy image of streamers formed in a
zig-zag channel, scale bar represents 250 μm. (c) Three-dimensional view of channel and of its cross-section with streamer forming at bend. (d) Streamer fouling of a branched network
with green arrow indicating ﬂow direction, scale bar represents 500 μm. (e) Streamer fouling of a staggered-channel ﬁltration device where green arrows indicate pseudo-cross-ﬂow
direction, scale bar represents 500 μm [167]. Panels (b), (c), and (d) previously unpublished.

Fig. 11. L. innocua bioﬁlms developed under turbulent ﬂows. (a) Re = 9500, 1 day. (b) Re = 16,500, 1 day. (c) Re = 9500, 7 days. (d) Re = 16,500, 7 days. Figure adapted from [187].
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comparable in scale to the ones discussed in §3.2. Similarly, an inverse
linear relationship exists between the bioﬁlm accumulation rate and
the bulk ﬂow Re [196].
Most of the experimental insight on the impact of ﬂow regimes on
bioﬁlm growth in controlled, laboratory conditions comes from two
types of ﬂow systems: linear ﬂow cells and rotating annular reactors.
Annular reactors also provide insight into how the complexity of bioﬁlm
structure escalates with an increasing complexity of ﬂow conditions.
Seemingly simple ﬂow such as the one generated between a static and
a rotating cylinder of a reactor creates bioﬁlm structures reported to
be as heterogeneous with patches and isolated groups of bacteria, linear
marks and structures, streamer-like appendages, and circular and crosswise shapes; all in addition to an overall height gradient between the
leading edge and the downstream end of a coupon [197–199]. When
these laboratory testing conditions were made more intricate in an effort to simulate in-situ conditions by adding colloidal particles, such as
soil or minerals to the media, bioﬁlm structures became yet more complex [198].

effectively reduced, as only the peaks of the bioﬁlm structure reach favorable concentration gradients. Similarly, densely-arranged structures
create conﬁned valleys and basins that are separated from the diffusive
boundary layer and have limited access to nutrients [180].
An increase in bulk ﬂow velocity promotes mass transfer, regardless
of Re [74,163,181,182]. While more biomass is produced at lower ﬂow
rates [53,77,183,184] where shear stress rates are lower [61], the proliferation rate increases with bulk ﬂow velocity [53,185]. Growth rate acceleration is a result of an increase in bioﬁlm density [53], due to higher
population and greater division rates per unit area. Structures formed
under faster ﬂows are thinner [186] and absorb nutrients more readily,
accelerating growth rate. However, high nutrient concentrations, while
promoting growth, also produce colonies with lower adhesive strength
[156].
Some examples of bioﬁlms formed in turbulent ﬂows are shown in
Fig. 11. In tests with L. innocua cells and stainless steel coupons located
in 0.1-m inner diameter tubes, lower Re ﬂows led to more fouling, as
seen on Fig. 11a,b [187]. While substantial parts of the coupon fouled
at Re = 9500 (Fig. 11a), bioﬁlm formations at Re = 16,500 (Fig. 11b)
are limited to several scattered colonies. Over the next six days both
bioﬁlms evolved in size, but retained the initial conﬁgurations: lower
Re ﬂow allowed bioﬁlm to spread evenly across the plate (Fig. 11c),
but the colony subjected to high Re developed patchy and more heterogeneous (Fig. 11d). In both cases, colonies took their near-ﬁnal shapes
after four days, and retained those shapes with little to no change
henceforth [187].
Fouled surface frictional resistance depends on ﬂow velocity and the
bioﬁlm thickness [188]. Thicker bioﬁlms typically produce greater effective roughness, or drag [189], and as mentioned above are formed at
lower shear [190]. The effective roughness height of a fouled surface
can be more than ﬁve times greater than the thickness of the foulant,
which can result in a threefold increase in frictional drag when compared to a smooth wall [191]. Thus, bioﬁlm skin friction factor is dependent not only on roughness, but also thickness [192]. Investigation of
turbulent boundary layers formed above a bioﬁlmsurface reveals an increase in the skin friction coefﬁcient from 33% to 187% in ﬂows with
Re = 5,600 − 19,000, measured at three downstream locations on the
ﬂat plate: 1.13 m, 1.43 m, and 1.73 m [192]. Turbulent ﬂow over surfaces
protected with adhesion-reducing coatings, or FR coatings, produced
skin-friction that was up to 65% greater than the clean surface [193].
The experiment revealed that the friction increased together with the
channel-height Re and the combined factor of mean foulant thickness
and the percentage of foulant coverage. In a similar investigation, ﬁlamentous bioﬁlms produced the drag that was up to three times that of
a smooth surface [194]. In contrast, when the drag was measured across
a manufactured, rigid replica of the bioﬁlm structure, drag decreased by
approximately 50%. The difference in drag values is attributed to the absence of compliant behavior of the true bioﬁlm. The Darcy-Weisbach
friction factor changes with Re [188], increasing with Re until a particular threshold value is reached, at which time shear stresses initiate bioﬁlm detachment [156,188]. The detachment tipping point has also been
reported for other type of environments, such as micro-ﬁltering devices
[156] and other types of microorganisms, like diatoms [184]. Friction
factor will begin to decrease past the detachment point, as bioﬁlm starts
to break apart [188]. Therefore, the Colebrook-White equation is not applicable to be used in the case of biofouled pipes, and caution should be
exercised in practical applications [188]. A combination of factors listed
in Table 1 often has synergistic impact on the process of bioﬁlm attachment and growth, due to process complexity. As evident from an experiment performed with Ulva zoospores and Cobetia marina cells, the
attachment rate scales inversely with substratum roughness, and is inversely proportional to the product of engineered roughness index
(ERI) and bacterium Re [195]. Orders of magnitude of Re, calculated
for a case of uniform ﬂow across the ﬂat plate, were 10−3 and 10−4
for C. marina and Ulva cells, and characteristic lengths of L = 2 μm, and
L = 5 μm, respectively, while surface engineered patterns were

2.3. Shear stress, chemical signaling and detachment
Under varying ﬂow conditions, the initial homogeneous growth
phase of a bioﬁlm is followed by a heterogeneous “quasi-steady-state”
phase characterized by spontaneous detachment events. If shear forces
continue increasing, the bioﬁlm will ultimately reach the so-called
“washout” phase, with removal of larger blocks of biomass [200].
These three phases loosely correspond to three stages in the bioﬁlm
life-cycle: initial adhesion and growth, peak growth and propagation,
and maturation with detachment [201]. The exact mechanisms driving
the egress of cells from a colony are not well-understood [99], and while
ﬂuid shear alone does not have the ability to cause a catastrophic erosion [79] it is known that hydrodynamics strongly inﬂuence the detachment process [200]. Detachment may occur as a result of applied
mechanical forces or as a reaction to changes in the surroundings. Cell
escape is therefore a deliberate action guided by signaling, cue sensing,
and physiological changes. As such, the detachment process is not comparable to attachment in reverse [29]. Different cell escape mechanisms
are illustrated in Fig. 12. Removal of biomass may be either by continuous dispersion, or discrete detachment whereby parts of a colony are removed by abrasion, grazing, erosion or sloughing [29]. The fundamental
difference between dispersion and detachment is that dispersion is an
active process. Microorganisms sense signals from the changing environment [202] which prompts physiological transformations required
for cell release. The active process of cue sensing and escape separates
dispersion from the desorption, another passive process of escape. Desorption occurs during the reversible attachment phase, as shown in
Fig. 12, and is guided by external factors. Dispersion, on the other
hand, is a result of cel transformation, does not require the cell to be motile to escape, and thus may be seen as a basic reversal of the attachment
process [29]. Dispersion and disintegration work in concert but can produce counter-intuitive events. For example, a sheltered bioﬁlm section,
exposed to lower ﬂow rate and therefore lower shear stresses, may fail
and detach before sections that are exposed to greater blunt forces.
Lower availability of nutrients, limited growth opportunity or perceived
risk of starvation will trigger the migration event, even if there is no coercion by mechanical force [203]. When mechanical force is applied, it
signiﬁcantly increases the amount of detached biomass [204–206]. In
addition, a combination of high shear and other removal methods drastically improves expulsion of attached matter, as demonstrated in experiments with sonication [206] or disinfectants such as peroxygen
[207].
Detachment events are heavily inﬂuenced by bioﬁlm growth history
in the context of ﬂow conditions, due to the presence of so-called “primary” and “secondary” structures in bioﬁlms [209]. The two types of
structures, which are shown in Fig. 13, differ in terms of: growth history,
whether they allow the ﬂow to reestablish the upstream proﬁle after
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Fig. 12. Methods of cell eviction and evacuation. Before bioﬁlm maturation, cells may leave the surface in a passive process of desorption (I). Once bioﬁlms mature, cells may leave the
colony either forcefully by abrasion, grazing, erosion (II) or sloughing (III) detachment, or intentionally through dispersion (IV) in response to environmental changes. Adapted from
[29,146,208].

Fig. 13. Primary and secondary structures, shown in green and orange color, respectively. Primary structures include transport voids and channels, and secondary structures amplify local
shear forces. Arrows indicate points of higher localized shear stress. Shear stress causes: (a) bulk displacement, (b) in-place deformation, or (c) partial disintegration of the secondary
structures. Adapted from [209], and based on data from [210].
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spectrum of materials including polyvinyl chloride (PVC), cross-linked
polyethylene, high density polyethylene (HDPE), polypropylene (PP)
[183,218–221], glass [222], cement, iron [201], galvanized [223], and
stainless steel [224]. Natural latex has been removed from use in plumbing networks due to the susceptibility to fouling [225]. Soil bacteria will
form bioﬁlms on silica and other sand substrates [226], and it is also possible to grow P. aeruginosa bioﬁlms on polytetraﬂuoroethylene [227].
Bioﬁlms on implantable devices pose infection risk to hosts, growing
on materials including polyetheretherketone (PEEK), blasted PEEK,
commercially pure titanium, and titanium alloys [228], as pictured in
Fig. 14.
Given the assortment of materials susceptible to biofouling, it is perhaps more succinct to itemize those which hinder bioﬁlm growth. Investigation of marine bioﬁlms shows that while cell counts in bioﬁlms
that form on polyethylene terephthalate (PET) plastic can be higher
compared to those that grow on metallic and wooden substrates, their
biomass is actually lower. The contrast in ﬁlm characteristics on plastics
versus metals and wood further extends to macrofouling, as plastic surfaces are more resilient to colonies of multi-cellular species such as barnacles. Plastics such as PET and polyethylene (PE) are more susceptible
to bacterial biofouling but contain 50% the fouling biomass of steel and
63% of that formed on wood, that are more conducive to the attachment
of macrofoulers [229]. Physical instability and degradation of plastic
materials appear to decrease their resistance to biofouling, while biofouling enhances the degradation process [230,231]. An interesting
comparison between plastics and steel can be drawn in plumbing systems where ratios of bioﬁlm to planktonic microﬂora vary depending
on the particular type of the plastic or steel exposed to microorganisms
[225]. Despite the above notes on latex, rubber has been found to be resistant to bioﬁlm formation, at least to S. paucimobilis [220]. Copper,
copper alloys, and brass stand out as materials that signiﬁcantly resist
fouling by certain bacterial strains, such as Legionella pneumonia
[232–234]. This characteristic of copper is hypothesized to come from
the bactericidal properties of copper [234,235]. Aluminum containing
silicates and oxides exhibit total resistance to fouling in-situ, and the attraction to microbial colonizers rises with the increase in iron within applied coatings, attributed to the nutritious characteristic of iron rather
than biocidal property of aluminum coatings [236].
Smooth surfaces, where topography has been excluded as a factor in
bacterial colonization, will repel or attract fouling cells based on surface
wettability. E. coli, a hydrophilic electron-donor, will form clumps on
surfaces coated with a hydrophobic chemical, such as C3, and branch
into threadlike shapes on hydrophilic surfaces coated by NH2. At the
same time, these morphologies share similarities with thin polymer
ﬁlms formed during dewetting of the same surfaces [146].

encountering the structure, and how they affect the hydraulic stresses at
points where ﬂuid ﬁrst meets the structure. Bioﬁlms exposed to backwash ﬂow during the initial growth phase (Fig. 13c) develop a more
heterogeneous surface topography compared to bioﬁlms that form
under unidirectional, uniform ﬂow (Fig. 13a,b). Reaching maturation,
both types of bioﬁlms grow to a similar thickness – homogeneous
bioﬁlms by way of regular growth (Fig. 13a,b), and heterogeneous
bioﬁlms by way of the formation of the secondary, ﬁller structures
(Fig. 13c). Secondary structures streamline the ﬂow around the bioﬁlm,
allowing the ﬂow to reestablish more rapidly compared to ﬂow across a
bare primary structure. The recovery of the ﬂow proﬁle results in local
shear stresses that exceed those acting on clean surfaces. Bare primary
structures will, in contrast, create continuous disturbances to ﬂow but
at lower stresses. Application of increased shear stress causes the homogeneous structure to either detach in bulk (Fig. 13a) or remain in place,
resisting dislodgement (Fig. 13b), conserving overall volume in both
cases. Under the same force, secondary structures will fail and detach
ﬁrst (Fig. 13c). Therefore, bioﬁlms that have been exposed to periodic
counter-ﬂow or backwash will develop signiﬁcant susceptibility to
sloughing and detachment of regrown portions of the structure [209].
Under unidirectional bulk ﬂows, high shear conditions can signiﬁcantly alter both the accumulation and removal rate of the microorganisms depending on the fouled surface roughness and the type of strain
of the fouling bacteria [211]. Pseudomonas genus is abundant in water
supply systems due its ability to generate large quantities of EPS. In absence of protection in the form of surface topography, the ability to generate EPS will diminish when wall shear stress threshold exceeds
0.24N/m2 [183]. The choice of substratum material results in growth intensity variance under similar ﬂow conditions, even for identical bacterial cultures [183].
Bacteria concentration in the bulk ﬂuid increases with shear stress,
however cell concentration in the bioﬁlm decreases [53]. In an experiment with bulk water heterotrophic plate count (HPC) bacteria, speciﬁc
growth and release rates remained constant when ﬂuid velocity doubled. However, another identical velocity increase caused both growth
and release rates to double [53]. Speciﬁc release rate, or detachment
rate, is therefore dependent on the speciﬁc growth rate [53,58]. Consequently, greater shear stress thins bioﬁlms and dictates their streamlined shape. Colonies retain their structural integrity at relatively high
ﬂow rates but are susceptible to relocation under the resulting shear
stress [212]. In another experiment, a colony of Pseudomonas ﬂuorescens
was exposed to bulk ﬂow velocity of 2.8 mm/s in a 2 × 0.3 mm conduit,
and shear stress of less than 53.5 mPa. The colony moved approximately
20 μm downstream while maintaining the overall shape. Upon reducing
the velocity and shear to a minimum of 0.28 mm/s and 5.35 mPa, respectively, the bacteria nearly returned to its original position [212].
Bioﬁlm mass shifts become irreversible at a certain ﬂow rate and significant deformation of the structure occurs. Locally tall bioﬁlm colonies
partially detach and dangle downstream, in a process that becomes
more prominent the taller the bioﬁlm structure. Such abrupt detachment of bioﬁlm fragments represents another mechanism of streamer
formation under ﬂow, in addition to continuous elongation discussed
in §2.2 [64,212].

3.1. Surface energy and initial attachment
Surface energy is a critical factor in the ability of microorganisms to
attach to substrates [237]. The majority of studies agree that the conduciveness of a substrate to bacterial adhesion reduces with low surface
free energy [238–244]. However, a few studies show conﬂicting results
[245,246]. A clear relationship between surface energy and bacterial adhesion, speciﬁcally for E.coli and P. aeruginosa, is catalogued in Zhang
et al. (2013) [247], who conﬁrmed a previous study [248] that a surface
free energy between 23 and 30 mN/m produced the lowest bacterial adhesion. The lowest E. coli adhesion is reported for surface free energyof
21-29 mN/m [249] while for Pseudomonas aeruginosa it is 20-27 mN/m
[250]. The study of surface energy/adhesion relations is motivated by
the practical design of surfaces that allow vibration and shear to easily
clean surfaces with low interfacial attraction. For instance, a membrane
with low surface energy was developed for ultra-ﬁltration applications
and will not foul [251]. For minimum fouling of bacteria, an optimal surface free energy ranges 20-30 mN/m [247–250,252–254].
Surfaces with low free energy are known to be hydrophobic [255];
water contact angle is inversely proportional to the surface energy

3. Bioﬁlm success is conditioned by substrate characteristics
Bioﬁlms form on surfaces with a vast range of physical and chemical
properties [213–215]. In the lab, bioﬁlms are routinely cultivated on
glass and plastic surfaces of ﬂow cells, coupons, reactors or slips
[50,132]. In marine environments, bacterial or diatom bioﬁlms are observed on submerged metal surfaces, both with and without antifouling coatings, as well as on wood, polystyrene, and granite [216].
Concrete fresh water transportation networks also suffer from biofouling [217], and similar to marine environments, various anti-fouling
coatings also succumb to bioﬁlms, given sufﬁcient time [189]. Closed
conduit water distribution systems suffer the same fate across a
12
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Fig. 14. Streptococcus sanguinis bioﬁlms on various surfaces. (a-d) shows 72-h development, and (e-h) show 120-h development. Each row represents one material, top to bottom: PEEK,
blasted PEEK, titanium, TiAlV alloy. Arrows indicate EPS-like substance around the streptococci. Scale bar shown in panel (a) represents 2 μm in all panels. Figure adapted from [228].

[245]. An increase of surface energy of helium- and oxygen-treated
PET results in adherence reduction of S. epidermidis [259,260], which
is known to be hydrophilic [261] and a cause of infection when adhered
to surfaces in medical devices [246]. The treatment of titanium alloys
with ultraviolet irradiation is shown to increase surface free energy
and be anti-fouling to S. epidermidis [262].

[49]. Zeta potential provides a more reliable indicator of a surface susceptibility to attachment than surface contact angle [256,257]. Particles
are more prone to adhere to high-surface-energy metallic surfaces than
low-surface-energy polymers [258]. However, there are always exceptions; studies report that an increase in the surface energy of substratum may lead to anti-fouling while others showed no correlation
13
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3.2. Substrate material and topography, and bioﬁlm growth

The surface energy of solids theoretically divided into components
[263] including an apolar Lifshitz-van der Waals force (γLW
2 ) and a
polar Lewis acid-base force (γAB
2 ) [245]. The acid-base component is
−
comprised of an electron acceptor (γ+
2 ) and donor (γ2 ). These two
components are the main parameters that control bacterial adhesion
to surfaces in the extended DLVO (x-DLVO) theory. In addition, the
lower the strength of the electron donor (γ−
2 ), the less bacterial adherence occurs as the electron acceptor (γ+
2 ) in typically zero for most solid
−
materials [264]. Accordingly, the ratio CQ = γLW
2 /γ2 [245,265] relates
the surface energy component of Lifshitz-van der Waal (γLW
2 ) to the
electron donor (γ−
2 ) to investigate the discrepancies in the inﬂuence
of surface free energy on bacterial adhesion. A variety NickelPhosphorus-Polytetraﬂuoroethylene (Ni-P-PTFE) composite coatings
demonstrate a strong positive correlation between CQ and bacterial
attachment.
A combination of low surface energy materials with patterned surfaces leads to a 21st century surface property known as
‘superhydrophobicity’ [266]. Such surfaces were initially inspired
from nature and known for their ability to preclude bacterial adhesion
[247,267]. The lotus leaf is the classic example of naturally inspired
anti-fouling surface [268]) that possesses a high water contact angle,
170∘ [269], and self-cleaning property due to the hierarchical structured
surface and low surface energy of the wax layer coating the leaf
[270]. An implementation of such surfaces for anti-fouling has been
demonstrated in the form of polymer coating stainless steel to resist
two pathogenic bacterial strains, P. aeruginosa and L.monocytogenes,
that arise in food processing and medical environments [271,272].
Superhydrophobic surfaces have also been shown to mitigate the risk
of blood coagulation as demonstrated by reduction of bacterial adhesion
to the inner surfaces of the blood vessels resulting from nitric oxide release [273].

Surface topography, such as regular patterns and irregular roughness, dictates the success of bacterial deﬁlement of substrates,
which is also highly species-speciﬁc [39,49,184,211,256,274–279], as
catalogued in Table 2, and schematized in Fig. 15. Nano-roughness
(Fig. 15A-2) imposes a greater energy barrier to the incoming bacterial
cells when compared to smooth (Fig. 15A-1) and micro-rough
(Fig. 15A-3) surfaces, thereby promoting anti-fouling. Additionally, the
contact pressure exerted by nano-pillars is sufﬁcient to rupture the bacterial membrane, as schematized in (Fig. 15B-2). Bacterial cells secrete
proteins that form a thin ﬁlm to enhance the abililty of a surface to accept foulers by creating a chemical gradient. In the case of high aspect
ratio nano-rough surfaces, protein particles seep through the pores
which prohibits protein ﬁlm formation, thereby reducing effective bacterial attachment, as shown in Fig. 15C-2. Micro and nano-rough surfaces produce local vortices near the surface as a result of the shear
layer formed by bulk ﬂow [280]. These local instabilities reduce fouling
of micro and nano-rough surfaces compared to smooth surfaces, as
schematized in Fig. 15D. Rough surfaces can entrap air between ridges
that restrict bacteria from accessing the surface, as shown in Fig. 15E.
Cell segregation is required for bacteria to form bioﬁlms. Pores smaller
than the smallest dimension of bacteria cells prevent segregation,
hence promoting anti-fouling, as schematized in Fig. 15F. However, if
the aspect ratio of the nano-roughness approaches unity, protein molecules can ﬁll the pores essentially transforming the surface in to a
smooth surface, as shown in Fig. 15G-2. In short, the inﬂuence of surface
roughness is scale and situation dependent. Nano-roughness generally
promotes anti-fouling while micro-roughness tends to aid fouling. Direct correlation between the surface roughness of a glass coupon and
the adhesion rate has been demonstrated for the several bacterial

Table 2
Inﬂuence of surface roughness on bacterial attachment.
Surface material

Roughness [μm]

Inﬂuence on Attachment

Microorganisms

Reference

Titanium implant

0.81 and 0.35

25 times more bacteria attached to rougher surface

Indigenous oral microbiota

Bollen et al., 1997
[281]

Stainless steel with different surface
ﬁnishes
Stainless steel

0.009–0.145

Higher attachment on rougher surface

0.03–0.89

Higher attachment on rougher surface, bacteria tend to align
with scratches of similar dimension

Arnold and Bailey,
2000 [282]
Medilanski et al.,
2002 [283]

0.01–1

No statistically signiﬁcant difference

Indegenous bacteria from
poultry rinse
P. aeruginosa, P. putida, D.
desulfuricans, Rhodococcus
spp.
S. thermophilus

0.5–3.3

No difference

S. thermophilus, S. waiu

0.66–1.2
0.1–0.9

No difference
Smoothest surface had 100 times lower attachment than
roughest surface, but the difference was minimal for
hydrophobic strains
Reduction in roughness reduced adhesion

L. monocytogenes
P. aeruginosa

E. coli
P. issachenkonii

A. ﬁscheri

Polymethyl methacrylates

0.07–3

Fluorinated glass

0.05–5

Glass microscope slides, as is and
etched with a buffer solution of
hydroﬂuoric acid
Glass microscope slides, as is and
etched with a buffer solution of
hydroﬂuoric acid

0.0048–0.0122

Attachment increased with micro-roughness but reduced
with nanoroughness
3 times higher attachment on the smoother surface

0.0048–0.0122

43% higher attachment on smoother surface

Titanium, with and without
mechano-chemical ﬁnishing

73% higher attachment on smoother surface
18 times higher attachment on smoother surface
134% higher attachment on smoother surface
62% higher attachment on smoother surface
0.00059–0.00112 2 times higher attachment on smoother surface
6 times higher attachment on smoother surface

14

S. sanguinis

C. marina
S. ﬂavus
S. guttiformis
S. mediterraneus
S. aureus
P. aeruginosa

Boulange-Petermann
et al., 1997 [284]
Flint et al., 2000
[285].
Tide et al., 1999 [286]
Venhaecke et al.,
1990 [287]
Dantas et al., 2016
[288]
Encinas et al., 2020
[289]
Mitik-Dineva et al.,
2008 [290]
Mitik-Dineva et al.,
2009 [291]

Truong et al., 2010
[292]
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Fig. 15. Repelling effects of stratum topography on initial cell attachment, and their relevant scales. Panels (a-c) depict interactions augmented by surface features which are signiﬁcantly
smaller than a bacterium. Panels (d-g) illustrate the affect of features that are of the same scale as the cell, or larger. Each row shows, from left to right: ﬂat, nanoscale, and microscale
surface topographies. Figure from [274].

Fig. 16. Diatom bioﬁlms cultivated on glass and polydimethylsiloxane elastomer (PDMS). Top row, (a,c,e) shows glass slides, bottom row, (b,d,f), PDMS slides. Testing channel
hydrodynamic conditions are: (a,b) static medium, (c,d) shear stress of 0.54 Pa, (e) shear stress of 1.0 Pa, and (f) shear stress of 2.0 Pa Panel (f) inset illustrates the differences in cell
arrangement: (r) raphe-side down orientation, (v) valve-side down orientation. Scale bars represent 50 μm. Figure adapted from [184].
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Fig. 17. Cell attachment to various PDMS surface topographies under (blue) static conditions, and in relation to stratum orientation during ﬂuid ﬂow: ﬂow under stratum (red), and ﬂow
over stratum (green). The inset shows a zoomed view of the cell attachment on various surface topographies under static conditions. The x-axis shows the seven different surface
topographies, from left to right, smooth surface, surface with continuous lines of 1 μm width and spacing, staggered lines of 230 nm line width, 4 μm spaced holes, 2 μm spaced holes,
1 μm spaced holes, and 0.5 μm spaced holes. All holes are 1.7 μm in diameter. The inset has the same x-axis. Error bars represent one standard deviation. Scale bars = 10 μm [49].

the formation of secondary ﬂows within the semi-conﬁned structures
[280].
Some biological surfaces, such as those of lotus leaves, decrease
afﬁnity to fouling via entrapment of air on the microscale between
epicuticular wax kernels [294]. Such properties serve as a guide for
engineered treatments, where careful manipulation of topographies
and roundness of surface textures can produce hydrophobic surfaces.
Greater hydrophobicity and curvature thus promotes anti-fouling
[295]. However, the impact on hydrophobicity should be considered
in conjunction with surface tension. In cases where the surface tension
of the medium is larger than that of bacteria, hydrophobic surfaces can
attract bacteria [296]. In certain tests, hydrophilic surfaces had a lower
rate of the attached cells, a correlation maintained across an increase
in the ionic strength of the liquid medium [257].
The engineering of contact area topography must be executed in
concert with careful consideration of surface chemistry. Experiments
with polyethylene glycol (PEG)-silane grafted onto a nano-tubular patterned TiO2 surface demonstrate that bacterial count does not scale linearly across the range of different pattern sizes, for neither coated nor
uncoated surfaces, [277]. Regular surfaces would, as expected, be
more susceptible to swarming compared to ones with micro-patterns,
but less compared to ones with nano-patterns [278]. Between two
hollowed substrates, the one with a pore size of 20 nm fouls more
than the 80 nm pore channels, as shown in Fig. 18a [277]. Tests on
structure-free dense TiO2 surfaces (DT), nanotubular TiO2 surface with
pore size of 20 nm (TN20), nanotubular TiO2 surface with pore size of
80 nm (TN80), and their PEG-treated variants (-P) reveal that fewer
voids increase available contact area for attachment. A balance between
the accessible surface area and surface friction forces can produce unwanted results, as shown in an example of PEG coating applied to a surface with 20-nm pores. Despite the PEG having biofouling resistant
properties, the patterned substrate showed higher volume of attachment than the smooth surface coated with PEG, Fig. 18a. The effects of

species, with the rate increasing ﬁve and ten times for the same increase
in roughness [256].
Identical ﬂow conditions can spawn a variety of bioﬁlm growth
characteristics dependent on the topography of the surface to which
the bioﬁlm is attached, as discussed in §2.2. For example, a shear stress
of 1.3–1.4 Pa restricts bioﬁlm growth on glass, but on PDMS bioﬁlms
continue to grow even at a shear stress of 2.0 Pa, as shown in Fig. 16
[184]. Furthermore, most of the cells will face the surface with their
raphe-side on glass, but will face the stratum with valve-side down on
PDMS (Fig. 16r, v). Compared to the smooth surfaces, the patterned surface of the PDMS decreases the cell retention. Under a wall shear stress
of ~2 mPa, patterned PDMS surfaces are covered by an order of magnitude fewer cells compared to smooth surfaces [49], shown by the bars in
Fig. 17. Static ﬂuids typically result in lower cell attachment rates to the
patterned surface, as shown in the inset of Fig. 17 [49]. Another interesting but counter-intuitive result of the study from which Fig. 17 is derived is that cell density on the surface over the ﬂow is greater than
that on the surface beneath the ﬂow, a 4× disparity for a smooth surface
and >10x for micro-porous surfaces. However, micro-pore spacing has
little effect on the cell density, provided surface orientation remains
the same. Anti-fouling via surface patterns is more effective when
pattern shapes are engineered to mismatch the natural shape of the bacteria. Linear patterns, for example, attract more E. coli cells than circularpatterned arrays, indicating that circular shapes do not allow E. coli to ﬁt
within curved boundaries. The anti-fouling consequence of cell-pattern
mismatch is illustrated by ability of the Sharklet AFTM pattern [293], biomimicked from sharkskin to resist fouling by Ulva alga. Sharkskin antifouling is attributed to three key factors: (i) pattern spacing that
precludes cells from ﬁtting within the pattern; (ii) pattern size that precludes cell stabilization on a single feature; and (iii) pattern topography,
or depth, that precludes a resting cell from reaching the bed of the
feature [275,276]. In creeping ﬂow conditions, microscale conﬁnement
features have also been shown to inhibit bioﬁlm formation through
16
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cholerae ﬁrst spread their ﬂagella and use pili in combination with outer
membrane proteins to anchor to the surface. P. aeruginosa need TfP to
execute twitching motion on a surface and for subsequent buildup of a
stagnant bioﬁlm [129].
Once bioﬁlms reach a mature stage they detach to explore other nurturing surfaces. At this point in the bioﬁlm life-cycle, the cell count has
increased dramatically compared to the initial reversible attachment
phase. While the absolute number of detached cells also increases, as
expected, the rate of detachment progressively slows[302]. With time,
adhesion to both the surface and neighbouring cells strengthens, increasing the likelihood bacteria remain on the surface. Therefore, individual cell detachment is affected by the status of adjacent cells and
the adhesion capability of the colony. As previously explained, the
‘slingshot’ mechanism of detachment is an efﬁcient mechanism of
transportation for TfP equipped bacteria [108], and cell orientation affects the irreversibility of the attachment. The majority of TfP equipped
bacteria uproot themselves into a vertical position (Fig. 5b) before
detaching from the surface. Those which remain at rest horizontally,
or are otherwise unable to erect themselves, remain permanently attached [303].
As described in §3.2, the shape and scale of the surface crevices
directly inﬂuence the attachment success. The same is true for
detachment–materials with more diverse micro-topography, such as
wood, retain microorganisms more readily than, for example, smoother
plastic surfaces. However, if the surfaces of two different materials are
treated in a similar manner, the difference in quantity of dislodged bacteria all but disappears [304]. An example of bacteria retention in pores
that match the bacterial dimensions is shown in Fig. 19. Bacteria larger
than an opening can only attach to the adjacent surface [49], Fig. 19a,
but can lodge within crevices larger than the cell, Fig. 19b. Partial insertion occurs in the openings which are approximately the same size as
the cell, as seen on Fig. 19c. Inserted cells increase the chances of retention under ﬂow if the cell shape matches the shape of the opening.
Shape similarity allows cells to align with the opening and increase
the surface contact area, therefore increasing the force required to dislodge the cell [283]. Forceful removal of embedded foulants depends
on the manipulation of force direction and the intensity [97,205]. The
higher the applied force, the greater the removal effectiveness. More
so, any use of mechanical force not only assists the cell removal process,
but also increases the effectiveness of the disinfectants [207]. Application of mechanical force can also have adverse effects under special hydrodynamic conditions. For example, the formation of aerosols during a
cleaning process facilitates spreading of the cells. In those cases, use of
alternative methods such as a turbulent stream in an enclosed volume
or conduit is required to subvert the risks of foulant spreading [205].

Fig. 18. S. aureus quantities on TiO2 surfaces with various coatings. [277].

PEG coating are attributed to the higher friction coefﬁcient of the patterned surface, which effectively reverses the advantage of a smaller
contact area, Fig. 18b [277]. The results demonstrate that treatment of
anti-fouling surfaces should account for multiple characteristics of
engineered patterns.
While engineered, patterned surfaces discourage microorganism attachment, randomly increasing the surface area can produce opposite
effects by facilitating microorganism attachment. Adverse phenomena
of microbiologically inﬂuenced corrosion (MIC) has been observed in
seawater transport pipework where bacteria settle in welds due to the
random and locally increased roughness of the welds [279]. Furthermore, when observing a bioﬁlm growth on a family of chemically similar materials (PP, PVC, HDPE, etc.) the inherent differences in material
surface roughness are directly correlated to bioﬁlm growth rates
under otherwise identical ﬂow conditions [183]. In simulated marine
environments terrestrial animal fur demonstrated a promising level of
resistance to algae fouling [297]. Fur density, length, and uniform arrangement promoted anti-fouling, indicating anti-fouling properties
are superior for arrangements that resemble a patterned surface. We
discuss hair and hair-like structures in greater detail in §3.5.

3.4. Modeling attachment and detachment of bacterial adhesion
3.3. Substrate material and topography, chemical signaling, and
detachment

The adhesion of bacteria to a substrate can be analyzed thermodynamically to ascertain the spontaneity of the adhesion/detachment process, done by using either a surface thermodynamic approach or DLVO
theory and its extension, x-DLVO theory [59,306]. The surface thermodynamic approach compares interfacial free energy of the attracting
surfaces with different liquids by measurement of liquid contact angles
with the substrate and macroscopic bacteria lawns (bacterial colonies
on surface). Contact angles permit the evaluation of critical expressions
such as the equation of state, and energies arising from Lipschitz-van
der Waals and acid-base interactions [307]. These interactions are key
components of the thermodynamic free energy commonly expressed
as ΔGadh = γBS − γBL − γSL, in which, γBS, γBL, γSL are the surface free
energy of bacteria-solid, bacterial-liquid, solid-liquid interface, respectively. Adhesion is favorable if ΔGadh < 0 [296].
The drawback of the surface thermodynamic approach, which
assumes thermodynamic equilibrium has been established, implying
reversible adhesion, is the exclusion of electrostatic interactions
between contacting surfaces. DLVO theory addresses electrostatic

Factors that initiate detachment are not fully understood, but seem
to be based on chemical signaling that initiates release of cells following
colony saturation and starvation [129,208,298,299]. Once the bioﬁlm
reaches maturation, bacteria purposely detaches from the surface in
an effort to leave saturated bioﬁlm colonies, reach more nutritious surroundings, and subdue new domains. This step is again affected by the
characteristics of the substrate material [146]. An understanding of attachment mechanisms is precursory to comprehending detachment.
Most microorganisms can irreversibly attach only after a short period
of reversible or unsteady attachment [300]. However, cells that do connect with the surface will continue to rotate appendages and detach
after a short time. The continued use of appendages after contact is an
indicator of reversible attachment. Experiments with Caulobacter
crescentus swimming between glass plates showed this process is
quite swift: 68% of the cells attached within the ﬁrst minute, and the remaining did so within the following four minutes [301]. E. coli and Vibrio
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Fig. 19. Elongated P. aeruginosa cells on TiO2 surfaces. Pore diameters: (a) 0.5 μm, (b) 2 μm, and (c) 1 μm. Scale bars represent 1 μm on panels (a) and (b), and 5 μm on panel (c). Panels
(a) and (b) are from [305], and panel (c) is previously unpublished.

Fdetach ≈ 2πRγ. The detachment process in the presence of large localized deformation is considerably more complicated, requiring information on material nonlinearity and large deformation kinematics [320].
In addition, if the elastic modulus of the deforming bodies is small
compared to surface tension, the role of surface tension becomes critical
in the detachment [318]. The dominance of surface tension can be
pﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
estimated using the elasto-capillary length ‘ec ¼ G=γS where G is
shear modulus, γS is surface tension. If the characteristic length of
the deformation is higher than ℓec, surface tension effects become
signiﬁcant.
The kinetics of bacterial detachment from a substratum are dependent on the residence-time of bacteria on the surface [321,322]. The residence time (t − τ) is deﬁned as the difference between the desorption
time t and the time τ at which the bacteria arrives at the surface. The desorption rate β(t − τ) of individual bacteria can be microscopically
monitored by capturing images when bacteria approaches the bottom
surface of a parallel plate ﬂow chamber [321]. Image analysis allows
for distinction between moving and adhering bacteria. The desorption
rate was found to exponentially decay as a function of the residencetime, β(t − τ) = (β∞ − β0) exp [−(t − τ)/τc] [321,322] where β0 and
β∞ are the initial and ﬁnal desorption rate coefﬁcients, and τc refers to
the characteristic residence time. The adhesion strength between the
bacteria and substratum weakens when β0 < β∞.
Empirical models can also be obtained using the atomic force microscopy (AFM) which is a promising technique for characterizing the
bond strengthening time-scale of adhered bacteria. Bond strengthening
occurs because the adhesive bond between bacteria and substratum
strengthens over time; the forces needed to prevent adhesion are
smaller than the ones needed for detachment [323]. The measurement
of adhesion forces through AFM is performed via analyzing the ‘retract
force-distance curve’ taken at various different surface delay times,
which is the time at which the adhesion forces are strengthened. The
forces of adhesion were observed to increase exponentially before
reaching a plateau [323] according to F(t) = F∞ + (F0 − F∞) exp [−t/
τk] in which F0, F∞ refer to the initial maximum adhesion force and the
maximum adhesion force after bond maturation, respectively, while τk
is a characteristic time needed for strengthening the adhesion force.
The above theories provide detachment characterizations under
ideal conditions. In reality, the bacteria-substrate system can be subjected to a complex set of biophysical forces arising from interface
chemical changes, and local biological growth and secretion. These factors intimately depend on the combined action of bacteria, interface and
surrounding media, and modeling them accurately can be a formidable
challenge. Finally, these models also assume that the nature of interface
constitutive behavior is relatively unaffected by far-ﬁeld variables, in
which case the detachment forces can be treated as boundary conditions and linked to the overall continuum behavior using appropriate
balance laws. The resulting equations provide the various critical hydrodynamic, material and geometrical variables corresponding to the detachment process.

exclusion by framing the favorability of adhesion with the balance of
two distinct short-range forces. The ﬁrst, Lipschitz-van der Waals forces,
are always attractive. The second is the repulsive energy due to electrostatic forces from the electrical double layer [308]. x-DLVO theory is required when repulsive forces are strongly dependent on pH and ionic
strength of the solution [309,310]. x-DLVO includes acid-base interactions that measure the degree of hydrophobicity or hydrophilicity
[311]. The total interfacial free energy, which is usually presented as a
function of the separation distance r between the bacteria and substrate,
is expressed as ΔGint(r) = ΔGLW(r) + ΔGEL(r) + ΔGAB(r). The energy
due to van der Walls forces, ΔGLW, can be calculated between two surfaces by ΔGLW(r) = − ∫V1dv∫V2Cρ1ρ2r−6dv where V1, V2 are the
enclosing volumes of the surfaces, C is a material-dependent constant,
and ρ1, ρ2 are charge densities (e.g. atoms or molecules per unit volume). The expressions for general surface shapes require numerical
methods, but for simpliﬁed geometries, closed form expressions are
possible [312]. The repulsive electrostatic energy ΔGEL(r) requires the
measurement of zeta potentials for interacting surfaces, typically obtained using the Debye-Huckel Eq. [313]. The approximate analytical
expressions for acid-base interactions available in literature [307,314]
between a ﬂat surface and a sphere of radius R (a good approximation
of a bacteria near substrate) is given by ΔGAB(r) ≈ 2πRh0ΔG0Hexp [(H0 − r)/h0]. Here, ΔG0H is an energy density constant term
representing the polar component of the surface tension obtained
from contact angle measurement between bacteria and substrate
[315]. The minimum distance at which the two surfaces (sphere and
plate) approach each other is H0 ≈ 0.163 nm [316], and h0 is the
decay length of water which does not change signiﬁcantly with ionic
strength [317]. For the case of hydrophilic repulsion, the decay length
is frequently 0.6 nm but can be as high as 13 nm for hydrophobic attraction [317]. The computed energy landscapes reﬂect the nature of potential wells and barriers along the separation coordinate and positively
correlate with the success of the initial approach stage. Higher potential
barriers require greater kinetic energy during the approach of bacteria
to a surface. Multiple wells (secondary minima) may indicate available
stable positions at a distance from the substrate, indicating bacteria are
trapped away from the surface. Detachment forces can be computed
from the spatial gradients of free energy.
The above approaches do not consider the effect of localized deformation of neither the bacteria nor the substrate. When deformation is
appreciable, elastic energy must also be considered [318]. A comprehensive record of approaches that cope with surface deformation can
be found in classical contact mechanics of adhesion literature, which
rely on a continuum description [319]. The most commonly used theory
between a moderately compliant sphere and ﬂat surface is the JohnsonKendall-Roberts (JKR) model that assumes small strains with only surface adhesive energy and neglects explicit surface tension. JKR theory
predicts a detachment force of Fdetach ≈ 1.5πRγ where γ is surface adhesive energy. When the sphere is rigid compared to the substrate, the
Derjaguin-Muller-Toporov (DMT) model is more precise and gives
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seen in Fig. 20a. Topography along the surface leads to reduced concentration and mass deposition per unit area compared to the ﬂat smooth
surface. Such results are completely altered once the surface is deformed. For example, when the fur is assumed to be initially deformed
according to y(x) = A sin πx, A = − 0.1 and x ∈ [0 1], the concentration
of bacteria varies signiﬁcantly along the smooth and topographic side,
Fig. 20a. Interestingly, the smooth side of the curved fur is found to accumulate more mass along the surface compared to smooth-ﬂat. However,
the opposite is true for the topographic side, implying bacteria tend to
travel far from topographic convex surfaces. The role of convex and concave curvature along with topography is presented in Fig. 20b, illustrating the steady-state mass deposition rate per unit length along the
surface Mt = ∫LSqdS/LS versus curvature (convex to concave), where dS
refers to a line element for either the topographic or smooth surface
and LS is the total arc length of the surface. Mass deposition rate is reduced with convex curvature. Particularly, topography along the convex
curvature is observed to reduce mass deposition rate per unit length
along the edge. In addition, the density of topography can signiﬁcantly
affect deposition rate per unit length as shown in Fig. 20b for the case
of 10 and 30 scale-like plates on the top surface. There is not, however,
a signiﬁcant difference between the smooth sides for the two cases illustrated. Note that an increase in the concave curvature leads to settlement of the deposition rate per unit length, where curvature does not
have any role in mass deposition rate along the surface. The same is
not true for the case of convex curvature, where more curvature leads
to more bacterial repellency. These preliminary results indicate that an
interplay of the bioﬁlm transport processes with deformation exists
and point to an interesting frontier of investigation. However, much is
sill unknown such as the bacterial interface adhesion mechanism and
exact nature of surface adsorption kinetics which can dictate boundary
conditions. Interestingly, rough topographies, especially if they are overlapping are known to produce highly intricate nonlinear and directional
mechanical properties dictated by the topography [336–340]. Although
there have been signiﬁcant advances in bioﬁlm evolution and formation
simulations over the years [22,31,61,144,180,210], when coupled with
ﬂuidic loading, biofouling would be an exciting unexplored area of advancing computer simulations which can lead to the design of tailorable
and tunable anti-fouling surfaces via topographic features and
deformation.

3.5. Fouling of hair-like structures
A promising path forward in anti-fouling strategies may be further
exploration of natural solutions to fouling by both mechanical and
chemical means [11,324,325]. While the anti-fouling properties of
numerous ﬂora and fauna have been explored in regard to surface topography, the role surface deformation plays in self-cleaning is underexplored. Animals do not provide static environments in which most
foulers are found and have the ability to actively clean parts of their bodies. Insects and mammals have the ability to rid their bodies of accumulated moisture through high acceleration [326–328], shaking and
vibration, and thus rid their bodies of conditions friendly to fouling.
Such behaviors may also be effective at removing inorganic foulants
such as dirt and debris. The inability to self-clean would hinder the ability of an animal to locomote [329], repel water [330,331], or regulate
body temperature [332,333]. Semi-aquatic mammals are of particular
interest because despite the available provisions for microorganism
proliferation and the frequency of submersion, their furs escape the burden of biofouling. The anti-fouling nature of fur has been previously observed [297] but physical characterization remains undone. In general,
biofouling on surfaces which can signiﬁcantly deform is poorly
understood.
Biofouling of hair-like surfaces is essentially multi-scale in nature
with intricate ﬂuid-structure interactions. At the lowest and most fundamental length-scales stands the problem of fouling single hairs
whose deformation takes place at relatively low diameter Re. Further
complication is introduced by the aggregate structure of fur, creating a
larger relevant length-scale. Here, fouling at the fur patch length-scale
can be viewed as emergent from the collective behavior of individual
hair strands. The Re at different length-scales gives rise to different ﬂuidic loads and thus the overall behavior is expected to be a function of
numerous fur length-scales, fur packing density in a patch, ﬂuidic ﬂow
rates, and physiology of the fouling organism. At the smallest scale fouling will depend on fur surface chemistry and topography. Due to the
multi-scale nature of the fouling process, the role of such microscopic
features propagates to the larger scales. The mechanisms through
which deformation and deposition can occur is understudied.
A simple model of quiescent ﬂow is described herein in an early attempt to describe the role of deformation and surface topography on the
fouling process. External fouling transport is assumed to be diffusive in
nature. The steady-state diffusion of the external fouling transport is
modeled by the Laplacian, ∇2C = 0 in an inﬁnite domain Ω surrounding
the fur. The deposition kinetics of bacteria along the fur surface are assumed to take a ﬂux type boundary condition (ﬁrst-order reaction
law). The ﬂux q on the surface of fur, Γ, is expressed as q = ∂C/∂n = k
(C − C0). Here k is the adsorption rate of bacteria, C is the surface concentration, and C0 is an empirical constant characteristic of the surface.
Further assumptions include the concentration at inﬁnity to be ﬁxed
at C = C∞, simulating a reservoir of bacteria.
The role of topography and fur deformation on deposition kinetics
can be elucidated via treating the fur as a beam-like structure inside
an inﬁnite media with topography on only one side. To this end, a select
case with length L=1 and thickness h = 0.01 cm is used for illustration.
The topography is presented in the form of overlapping 20 scale-like
plates with thickness D = 0.005 cm and inclination angle of θ0 = 6∘.
The scales are dense so that the distance between scales, which deﬁnes
the overlap ratio, is approximately zero. Without loss of generality, the
boundary conditions are assumed as C∞ = 10, k = 1 and C0 = 0 leading
to q = C on Γ. Since the domain outside the fur is assumed inﬁnite, the
solution of the Laplacian equation is obtained by the boundary element
method (BEM) [334,335], as a traditional ﬁnite element (FE) method
would require meshing inﬁnite size domains. The BEM results are validated with a few test cases using a commercial Finite Element (FE) software assuming a very large external domain.
For this case, the concentration (normalized by the concentration at
far-ﬁeld) along both surfaces of the fur (smooth/topographic) can be

4. Discussion and concluding remarks
Only by understanding fouling mechanisms may we generate
effective anti-fouling strategies. The complex life-cycle of bioﬁlms is
governed by factors that can be broadly classiﬁed into genotypic,
physio-chemical, stochastic, deterministic, mechanical, import-export,
and temporal [23]. Hydrodynamics are often overlooked but determine
if the aforementioned factors support or are a detriment to the proliferation of microorganisms. Bulk ﬂuid ﬂow inﬂuences growth rate
[33,61–66], structure [33,55,67–70], shape [60,71–73], cell concentration [68,74–76], and detachment [16,22,77,78]. Bioﬁlms are comprised
of 80% cells held together by an EPS matrix with numerous zig-zag pathways and tunnels for nutrient and oxygen ingress [22,27,55,80]. While
ﬂuid ﬂow promotes convection, sedimentation and diffusion are the
primary forms of bacterial mass transport along surfaces in the absence
of ﬂow [33,52,53,55,59,88–92]. The role of hydrodynamics extends to
both motile and non-motile microorganisms. While non-motile bacteria
rely heavily on ﬂuid ﬂow, motile species display locomotion using their
appendages in the absence of ﬂow [16,18–20]. In both cases bulk ﬂow
aids cell transport toward surfaces to the proximity dominated by van
der Waals and electrostatic forces acting across sub-millimetric
length-scales [99]. Motile bacteria possess appendages, ﬂagella and/or
pili. Flagella enable initial reversible attachment to the surface, while
pili ensure attachment becomes irreversible [5,38,96,103–106,108]. In
contrast to laminar ﬂow which produces thicker and less dense bioﬁlms
[51,52,55–57], the increased shear associated with turbulent ﬂow
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Fig. 20. (a) Normalized external fouling concentration along the smooth and topographic side of straight and deformed beam mimicking fur. (b) Steady-state mass deposition rate per unit
length (cell/cm.s) along both (smooth and topographic) sides of a beam initially deformed in a sinusoidal shape at various deformation amplitudes.

Bioﬁlm cultivation utilizes a wide variety of ﬂow systems, as described in more detail elsewhere [87,342]. The most common ﬂuidic devices, repeatedly encountered within the scope of this review, can be
classiﬁed into several broad groups. The simplest of the devices are
nothing more than enclosed ﬂuid conduits, either rectangular ﬂow
cells [60,132,343,344], rectangular channels [184,191], or circular
tubes [200,221,345], equipped with a viewing port which allows for
macro or microscopic observation of the bioﬁlm. Where required,
these devices are scaled down to form capillary ﬂow cells [346] or
microchannels [64,71,173,347,348]. The use of soft-lithography and related material manipulation techniques is useful when even ﬁner topographic resolution is required, as is the case in microﬂuidic devices
[212], micro pillar [72,168] or micro porous devices [157,349]. Continuous or batch cultivation of bioﬁlms can be achieved in bioﬁlm reactors.
Commonly used reactors are rotating annular reactors [197,199,350]
which allow control of the testing surface wall shear stress simply by
modulating the angular velocity of the reactor. Other types of reactors
include drip ﬂow, rotating disk, and CDC bioﬁlm reactors. The Robbins
device is an inline ﬂow type of a reactor, equipped with inserts that
hold the testing samples ﬂush with the conduit inner surface, allowing
for easy removal of the coupons without the disruption of the bioﬁlm
ecosystem [112,207]. Marine and fresh water bioﬁlm investigations
sometimes do not require ﬂow devices at all. The testing is conducted
by simple immersion of tested materials in the ﬂowing body of water
[189,229]. New venues of investigation and phenomenon-speciﬁc challenges guide the researchers toward the development of novel ﬂow
chambers. Innovative designs are constantly introduced to enable investigations in which the more conventional devices cannot perform
[211,351–356].
The effects of temperature on the bioﬁlm life-cycle have been mentioned only as an additional factor governing bioﬁlm proliferation
(Table 1). Temperature variations exceed the scope of this review as
they introduce complex biological transformations, such as changes in
cell expression [357–359] or an increase in piliation [75,360,361]. In addition, the vast majority of the work discussed in this review has been completed at constant temperatures, typically established to provide optimal
growth conditions for a particular species [221,223,225,362–364]. It is
important, however, to note that temperature variations introduce similar effects to that of the other factors catalogued in Table 1. Such consequences include changes in EPS formation, attachment rate, probability
of detachment, and viscoelasticity. Temperature variation is able to produce synergistic effects when acting together with other external factors,
such as introduction of biocidal chemicals [19,27,75,207,365–367]. Temperature as a factor in bioﬁlm removal is most relevant at the extreme
values. Techniques such as autoclaving [368] or freezing [369] allow for

promotes thinner but denser bioﬁlms [53,54,57,58,60,62,78,119–121].
Although formation of ﬁlamentous streamers is associated with turbulent
ﬂow [73,162,163], streamers may form under laminar ﬂow where secondary ﬂow exists [20,71,72,156,173,176]. Streamer length can range
from microns [71,167,171,172] and millimeters [20,162,168,173] in bacterial ﬁlms, to several centimeters [56,151,152,174] in algal ﬁlms.
Streamer dislodgement clogs conduits [164] and micro-separation devices [166–168], increasing pressure drop and the associated energy
costs of operation.
Upon maturation or encountering nutrient deﬁciency, bioﬁlms detach and travel downstream either in parts or as a whole in search of a
nutrient rich environment to inhabit [203]. In absence of protection
from surface topography, a critical wall shear stress of 0.24 N/m2 impairs the EPS generation and facilitates detachment [183]. Materials
that succumb to biofouling range from PVC, cross-linked polyethylene,
HDPE, PP [183,218–221], glass [222], PTFE [227], PEEK, blasted PEEK,
commercially pure titanium, and titanium alloys [228] natural latex
[225], cement, iron [201], and galvanized [223] and stainless steel
[224]. Even though these materials are all susceptible to fouling, the extent of bioﬁlm formation varies from material to material. Plastics like
PET and PE typically support 50% of fouling biomass compared to steel
and 63% of that on wood [229]. However, physical degradation of plastics decreases the resistance to biofouling, while biofouling enhances
the degradation process [230,231]. Patterned surface topographies, if
they are the same length-scale as the bacterial foulants, promote
biofouling compared to smooth surfaces. However, if the length-scales
of the surface topographies are orders of magnitude smaller than
the fouling bacteria, the surface is more effective at anti-fouling
[49,184,274–279]. The anti-fouling property of nano-rough surfaces
can be attributed to several factors, such as increased contact pressure,
decreased contact area, increased local vorticity, increased air pockets,
and decreased chances of cell segregation [274]. However, the extent
of fouling and anti-fouling ability of a surface is highly species-speciﬁc
[341]. Anti-fouling via surface patterns is more effective when patterns
are engineered to mismatch the targeted foulant species [275,276,293].
Textures that match a species promote attachment and retention while
hindering detachment. In addition to carefully engineered surface topography, low surface energy restricts bacteria from fouling the surface.
An optimal surface free energy of 20-30 mN/m is associated with minimum fouling by bacteria [247–250,252–254]. In general, engineering
surface topographies is expensive and might not be cost effective for repelling multiple foulant species that present an array of shapes and
sizes. Thus, a universal design of surfaces that is durable and capable
of reducing bacterial biofouling for various types of bacterial strains
and applications is likely impossible.
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signiﬁcant bioﬁlm removal, alone or in combination with other removal
methods.
Biofouling research is an enduring topic that will continue to capture
the attention of the scientiﬁc community due to the complex and highly
situational nature of fouling. Despite the volume of fouling literature,
there exist under-explored environments for which fouling is pervasive.
Non-Newtonian ﬂuids provide one such area that has received little
attention with respect to biofouling despite blood expressing nonNewtonian behavior. Bacterial infections from temporary and permanent implants frequently contact non-Newtonian ﬂuids. In §1 we note
that bioﬁlm communities have certain beneﬁts but are under investigation predominately due to their detrimental impacts. The research
discussed in this review enabled a variety of bioﬁlm removal techniques,
applied across different industries. The mechanical force of water or air
jets is used in the dental industry to remove plaque bioﬁlms [370,371].
Agitation of ﬂuid suspended in the root canal is used as an effective
cleaning method [372], and photon-induced photoacoustic stream
(PIPS) increases the effectiveness of root canal disinfectants [373]. The
synergistic effects of a high pressure spray are discussed in §2.3, for applications in the food industry [204]. Similarly, ﬂushing of potable
water pipework alone cannot remove the bioﬁlm [374,375], but when
combined with chlorination, ﬂushing results in signiﬁcant bioﬁlm detachment [376]. A range of bioﬁlm removal techniques relying on ﬂuid
ﬂow are employed in water cooling plants as ecological alternatives to
the use of chemicals [377]. Ultrasonically activated steam (UAS) generates bubbles in low velocity water, at 1–2 l/min, thus allowing in-situ removal of marine micro- and macro-foulants [378]. Selective surface
textures promoting anti-fouling have been tested in the dental industry
but increasing the complexity of the surface to repel biofouling needs to
be a deliberate, engineered effort, rather than a stochastic increase in
complexity. Synergy of existing engineered surface topography manipulation methods with chemical treatment and coatings may increase the
effectiveness of fouling-resistant efforts. Biological systems often provide promising templates by which to engineer robust anti-fouling surfaces [11]. Outstanding examples are sharkskin and the lotus leaf, but the
vast majority of natural surfaces remain uncharted in regard to antifouling capacity. Future researchers may, for example, choose to explore
the anti-fouling mechanisms that lie within the skin and fur of aquatic
and semi-aquatic species. In particular, organisms which reside at the
air-water interface and do not foul may http://www.overleaf.com/
project/5d3f070529de862c79d942faayprovide inspiration for decades
of researchers.
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